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ABSTRACT: Proteins are structurally dynamic macromole-
cules, and it is challenging to quantify the conformational
properties of their native state in solution. Nanopores can be
efficient tools to study proteins in a solution environment. In
this method, an electric field induces electrophoretic and/or
electro-osmotic transport of protein molecules through a
nanopore slightly larger than the protein molecule. High-
bandwidth ion current measurement is used to detect the transit
of each protein molecule. First, our measurements reveal a
correlation between the mean current blockade amplitude and
the radius of gyration for each protein. Next, we find a
correlation between the shape of the current signal amplitude
distributions and the protein fluctuation as obtained from
molecular dynamics simulations. Further, the magnitude of the structural fluctuations, as probed by experiments and
simulations, correlates with the ratio of α-helix to β-sheet content. We highlight the resolution of our measurements by
resolving two states of calmodulin, a canonical protein that undergoes a conformational change in response to calcium
binding.

KEYWORDS: nanopores, electro-osmosis, ζ-potential, structural fluctuations, protein conformation

Proteins represent an important class of biomolecules in
living organisms due to their diverse range of structural
and functional features. Vast interest in protein

structure/function relationships has spawned many techniques
for probing protein structure. However, function is intricately
linked to dynamic structural changes that are mediated by
environmental conditions, as well as interactions with external
agents such as ligands, ions, and other proteins. The advent of
single-molecule methods has enabled deep insights into the
dynamic aspects of biomolecules in vitro. Single-molecule
optical methods, such as fluorescence resonance energy transfer
(FRET),1−6 have been used to probe protein folding by
detecting distinct subpopulations and protein conformational
changes.7−13 Likewise, mechanical properties (e.g., rigidity) of
surface-immobilized and membrane-bound proteins have been
studied using atomic force microscopy (AFM).14−16 However,
in all of these works, the protein typically needs to be
chemically modified so that it can be immobilized to a surface.

This drawback is often tedious, costly, and can potentially
impact the native protein’s properties.
Nanopore sensors have recently emerged as a powerful tool

to probe individual molecules. A nanopore sensor is a
nanometer-sized hole within an ultrathin impermeable
membrane that separates two chambers, each containing
electrolyte solution. Macromolecules can be driven through
the pore by applying an electrical potential across the pore.
Analysis of changes in the ionic current that result from pore
occlusion provides information about the size of the polymer.17

While the majority of nanopore studies have primarily focused
on understanding DNA transport kinetics and its implications
on DNA sequencing,18,19 nanopores have also found use in the
detection of small molecules,20,21 chemical reactions,22,23
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synthetic polymers,24,25 and proteins.26−31 Nanopore measure-
ments have yielded information about protein binding to
nucleic acids,32 protein size,33,34 folding/unfolding,34−39

charge,30,40 and protein−aptamer interactions.41 Recently, it
was recognized that the use of pores that are much larger than
the protein severely biases the sampling efficiency due to fast
protein translocation, which results in inefficient and highly
biased detection of only proteins with long residence times
inside the pore.42 Protein transport kinetics have been slowed
down by chemically linking the proteins to lipid anchors,43,44

from which approximate shape, volume, charge, rotational
diffusion coefficient, and dipole moment of individual proteins

have been recently determined. Although information-rich, we
note two factors that limit this multiparameter approach: first,
only a small fraction of long-lived resistive pulses are suitable
for analysis,43 and second, the proteins of interest need to be
bound to lipid monomers, which requires chemical modifica-
tion. Label-free approaches to protein detection have required
the use of pores that are slightly larger than the protein size,
coupled to measurement using high-bandwidth electronics.45

This approach has proven useful for efficient detection of
protein size, as well as for identifying complexation/
dimerization of very small proteins (<30 kDa).45−47 Specifi-
cally, in the pore size range dp/dH < 1.5, where dH is the

Figure 1. Nanopore experimental setup for protein detection. (a) Left: Silicon chip containing a freestanding HfO2 membrane, after painting
with a quick-curing silicone elastomer to reduce the chip’s capacitance noise. Right: Bright-field TEM image of a HfO2 pore (scale bar is 5
nm). (b) Schematic of the nanopore setup, where nanopores are fabricated in thin (<10 nm) freestanding silicon nitride (SiN) or HfO2
membranes. Protein samples are added to the cis (grounded) chamber, and external bias is applied to the trans side of the membrane to drive
protein molecules through the pore (PDB cartoon of calmodulin is shown for illustration). (c) Power spectral density plots for the pore
shown in (a), buffer contains 0.4 M KCl, 10 mM Tris, 1 mM EDTA, pH 7.8. (d) Continuous ion current traces, low-pass filtered to 200 kHz,
showing calmodulin transport through 4.5 and 5.6 nm diameter SiN pores. Baseline currents (I0) were 1.35 and 1.91 nA for 4.5 and 5.6 nm
diameter SiN pores, respectively. (e) Selected events extracted from the top trace in (d). (f) Capture rate vs concentration for proteinase K
translocations through d = 4.8 nm and heff = 9 nm SiN pore, low-pass filtered at 150 kHz at V = −150 mV. (g) Dwell-time distributions for
transport of phi29 polymerase, GFP, and ProtK through the same 5.5 nm diameter HfO2 pore at V = −150 mV, along with fits to eq 1 with
Dpore and vd as free parameters (solid lines). Signals were low-pass filtered at 200 kHz prior to analysis. Red asterisk for ProtK distribution
highlights the regime with undetected events due to bandwidth limitations. Two different SiN pores and one HfO2 pore were used for
experiments shown in this figure.
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protein’s hydrodynamic diameter and dp is the pore diameter,
reduced protein mobilities during transport may be attributed
to increased hydrodynamic drag and protein/pore interactions,
which enable efficient detection.45

In this work, we use thin and small (comparable to the size of
the protein) pores composed of both silicon nitride (SiN) and
hafnium oxide (HfO2), combined with high-bandwidth
amplifiers, to detect various proteins of different sizes and
charge. A main advantage of HfO2 as a material is its combined
mechanical and chemical stability,48,49 which enables ultrathin
pores with enhanced longitudinal stability to be fabricated.
Ultrathin pores afford a higher signal-to-noise ratio, which
allows high-bandwidth measurements, necessary for detecting
small molecules like proteins whose transit times are typically
fast (∼microsecond time scales). While SiN of a similar
geometry can be fabricated, ultrathin SiN (∼5−10 nm) is prone
to rapid (∼hours) morphological changes and expansion, due
to chemical instability and heterogeneity.50,51 We utilize small
and ultrathin pores to demonstrate that protein size, protein
fluctuations, and conformational changes can be efficiently
detected via statistical analysis of a set of resistive pulses for a
given sample. We analyze a set of different proteins that vary in
charge and sizes in order to show that (1) the hydrodynamic
radius of the proteins correlates with the resistive pulse signal
amplitudes, (2) experimental full width at half-maximum
(fwhm) values of the current signal amplitude distributions
correlate well with protein fluctuation amplitudes observed in
simulations, as well as exhibiting a link between protein
fluctuation and β-sheet content for a given protein, and (3)
conformational changes in calmodulin, which occur upon
calcium ion binding, can be detected as a shift in the nanopore
signal characteristics. These results highlight the potential for
applications of nanopore-based analysis in label-free probing of
proteins at subpicomole levels.

RESULTS AND DISCUSSION
Nanopore Experimental Setup. An optical image of our

nanopore chip is shown in Figure 1a (left). The center of the
silicon chip contains a freestanding ultrathin hafnium oxide
(HfO2) membrane, in which a 5.5 nm nanopore was fabricated
using a transmission electron microscope (TEM). A TEM
image of the pore is shown in Figure 1a (right). High-frequency
electrical noise that results from a high chip capacitance was
reduced by painting a quick-drying silicone elastomer close to
the chip’s freestanding membrane (see image in Figure 1a,
left).52 The mounted chip is then placed in a two-compartment
fluidic cell in which buffer and sample molecules can be freely
exchanged, as shown in Figure 1b. Voltage is applied across the
membrane using a pair of electrodes, and the resulting current
is measured using a high-bandwidth amplifier. Power spectral
density plots for this low-noise chip configuration are shown in
Figure 1c, at either no voltage or at a typical applied voltage (V)
of 150 mV. The power spectral density plots show an increased
slope that corresponds to 1/f noise in the low-frequency regime
when voltage is applied, which has been suggested to be
associated with temporal charge fluctuations in the pore.53 In
the high-frequency regime, the PSDs overlay well as noise in
this regime is dominated by the chip geometry/capacitance.
The sharp drop-off in signal beginning at 300−500 kHz is due
to an applied 500 kHz low-pass filter. Figure 1b also shows a
protein molecule, in this case, calmodulin, in the top (cis)
chamber, to illustrate the convention that all sample molecules
are introduced to the cis chamber, and voltage is always applied

to the trans chamber. Addition of 100 nM calcium-free
calmodulin (Apo-CaM) to the cis chamber at V = 125 mV
yields a set of stochastic current spikes that correspond to
transport of protein molecules through the pore. To
demonstrate the impact of pore diameter selection on protein
detection efficiency, we compare measurements for two pores
with different diameters (Figure 1d), 4.5 and 5.6 nm, under the
same experimental conditions. The lower CaM capture
efficiency through the larger diameter pore, seen in the current
traces, is a consequence of experimental limitations: protein
transport is too fast under conditions of low confinement in the
larger pore, resulting in many unobserved transport events.
Therefore, the pore diameter must be tailored to the size of a
protein for efficient detection. For consistency throughout the
article, we selected pore sizes that are 1.2−1.5 times larger than
the protein hydrodynamic diameter and thickness values that
are in the range of 4−9 nm. Randomly selected resistive pulses
that correspond to transport of individual CaM molecules
through the 4.5 nm pore are shown in Figure 1e. In Figure 1f,
we plot the capture rate as a function of bulk protein
concentration for proteinase K (ProtK), which displays a linear
relationship, as expected (for details on capture rate
determination, see Figure S1 in Supporting Information).
In previous works, we45 and others36,54,55 have utilized a 1D

drift-diffusion model that assumes barrier-free transport to fit
protein translocation dwell-time distributions

π= − −P t h D t e( ) ( /4 ) h v t D t
eff pore

3 1/2 ( ) /4eff d
2

pore
(1)

where heff is the effective pore thickness, Dpore is the protein in-
pore diffusion coefficient, and vd is the protein drift velocity
inside the pore. Figure 1g shows dwell-time distributions for
transport of phi29 DNA polymerase (Phi29), green fluorescent
protein (GFP), and proteinase K (ProtK) at V = −150 mV, as
well as fits of the distributions to eq 1. As highlighted by the red
asterisk in the distribution for ProtK, fast protein transport for
ProtK (the smallest of the three proteins) results in events that
are likely missed by our experimental setup (∼2.5 μs for 200
kHz bandwidth). Therefore, the fastest histogram bin is ignored
(masked) when fitting the experimental distributions to eq 1.45

Pore Surface Charge Measurements. In order to
understand the primary mechanism responsible for protein
capture into the pore, we first characterized the pore surface
charge using streaming potential measurements, analogous to
the method reported by Firnkes et al.40 We have designed an
automated pneumatic pressure scanner that allows streaming
potentials to be measured by applying pressure increments to
the cis chamber. Two consecutive scans are shown in Figure 2a
for a SiN pore. The slopes of the streaming potential versus
pressure curves, obtained by linear fits, combined with any
possible edge effects due to thin pores of aspect ratio (h/d) ∼ 1
as elucidated in Mao et al., yield ζ-potential values which we
find to be consistently in the range of −7.9 ± 1.6 mV for SiN
and −8.6 ± 0.6 mV for HfO2 at pH 7.8 (see Figure 2b,c,
respectively, and section SM6 in Supporting Information for
details about the calculation).56 The intercepts of all the curves
in Figure 2b,c are slightly shifted because of small (<0.1 mV)
electrode offset potentials during the experiments. However,
these offsets do not affect the ζ-potential calculation.

Protein Transport Kinetics. To gain an understanding of
protein transport kinetics under confinement, we report in
Table 1 parameters obtained from experiments and calcu-
lations. First, we estimate the bulk diffusion coefficients (Dbulk)
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of the proteins using a modified Stokes−Einstein equation (see
section SM5 in Supporting Information for more details)57 and
compared these with the in-pore values, Dpore. In agreement
with our previous findings, in-pore diffusion coefficients are in
stark contrast to bulk values, with a nearly 2 orders of
magnitude reduction. Reduced in-pore diffusion coefficients are
a result of confinement, and/or protein−pore interactions that
may lead to a reduction in the effective diffusion coefficient.58,59

For example, this may arise from protein−pore interactions, as
described previously.60 Next, we present the protein charge at
pH 7.8, qcal, obtained from Poisson−Boltzmann electrostatic
calculations of the folded protein.61 In the “forces” column, we

show the directions of electro-osmotic and electrophoretic
velocities, with the transport direction being downward. The
electro-osmotic direction (EO) is determined by the surface
charge of the pore and the applied voltage, whereas the
electrophoretic direction (EP) is determined by the protein
charge and applied voltage. It should be noted that we have
considered edge effects in our calculations by performing
numerical calculations as described by Mao et al. (see
Supporting Information SM6 and SM7 for more details).56 It
is apparent that for most of the proteins studied, the dominant
contributor of transport is electro-osmotic rather than electro-
phoretic. By knowing the experimental drift velocities (vd) and
the electro-osmotic velocity (vEO), determined analytically from
the pore geometry, surface charge, and applied voltage, we can
attempt to recover the protein charge (qexp) by extracting the
electrophoretic contribution to the velocity (see sections SM6,
SM7, and SM8 in Supporting Information). We find that the
estimated protein charge values do not compare well with their
calculated values (see Supporting Information for estimated
protein charge values). We attribute this discrepancy to an
overwhelming role of electro-osmosis on transport. The large
impact of electro-osmotic velocity diminishes the relative
electrophoretic component in governing transport, which
complicates charge calculation.

Protein Structure and Fluctuations. A deeper look into
the nature of the current signals obtained from the proteins
reveals several new pieces of information about the protein size
and dynamics. Protein hydrodynamic radii, assuming they
maintain their globular structures during transport through the
pore, can be estimated from fractional current amplitude data
based on45,62

≅ Δ +R I I h d d
1
2

[ / ( 0.8 ) ]H 0 eff p p
2 1/3

(2)

where RH is the protein hydrodynamic radius, dp is the pore
diameter, heff is the effective thickness of the pore, and ⟨ΔI/I0⟩
is the mean fractional current blockade (i.e., mean current
blockade/open-pore current). Histograms of ΔI/I0 for three
proteins at V = −150 mV are shown in Figure 3a. From these
data, we estimated protein hydrodynamic radii by fitting the
ΔI/I0 histograms to Gaussian distribution functions and using
the mean values in eq 2. We then compared the experimentally
obtained RH values to the proteins’ radii of gyration, RG (see
Figure 3b, bottom). The ratio between these two quantities, ρ =
RG/RH, is of physical significance as it may be related to the
degree of asymmetry/anisotropy in the protein. The theoretical
value for ρ is 0.775 for a hard sphere of uniform density,
whereas for an oblate ellipsoid, values of ρ range from 0.875 to
0.987, and for a prolate ellipsoid, values range from 1.36 to
2.24.63 We find a high degree of correlation between the two
parameters RH and RG (see Figure 3b, bottom), with a Pearson
coefficient r = 0.82. Moreover, the quantity ρ is close to the
theoretical value for a sphere, 0.806 ± 0.09, for all proteins
tested (see Figure 3b, top), which suggests that the proteins
maintain their shape integrity during transport through the
pore.
In addition to identifying protein size, we next asked whether

information regarding protein dynamics may be contained in
the second moment of the fractional current amplitude
distributions. To test this, we computed the atomic root-
mean-square fluctuation (rmsf) values from simulations and
plotted them against fwhm of the fractional current amplitude
distributions (Figure 3d). To describe the structural fluctua-

Figure 2. SiN and HfO2 pore surface charge determination. (a)
Streaming potential vs time trace for a 6.9 nm diameter SiN pore at
various applied pressure ranges from 0 to 2.5 atm in 0.4 M KCl, 10
mM Tris, 1 mM EDTA, pH 7.8. Red dashed line shows slow voltage
drift in the electrodes during the measurement (100 μV min−1). (b)
Streaming potential vs applied pressure for SiN and (c) HfO2 pores
with different diameters, as shown in the legend. As shown in the
legends of the figures, we have used five different SiN pores and six
different HfO2 pores for streaming potential experiments.
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tions of each protein, we calculated the rmsf for each atom and
then computed the average rmsf of each residue. We then
compared to the maximum residue-averaged rmsf value with
the measured fwhm value (Figure 3d).
We used an all-atom structure-based model64,65 to describe

the interactions within each protein. In a structure-based
model, all bonded and nonbonded interactions are defined such
that the experimentally determined (e.g., crystallographic)
structure is the global potential energy minimum. Since a
large population of the protein needs to populate the native
ensemble in order for a structural model to be determined, the
native conformation necessarily corresponds to a free-energy
minimum, consistent with the construction of a structure-based
model. The functional form of this potential energy is defined
such that bonded covalent interactions are maintained while the
nonbonded contact interactions are able to break and re-form.
This allows for one to describe the structural fluctuations in the
native basin while maintaining the covalent geometry of the
system.64,66 Finally, nonspecific excluded volume interactions
are included, which account for the finite size of each atom and
prevent chain crossing. The functional form of the potential is
described in section SM10 in Supporting Information.
The rmsf values computed from simulations have a good

correlation with the fwhm of the current amplitude
distributions extracted from experiments (Figure 3c; Pearson
correlation coefficient, r = 0.73). It should be noted that
CaCaM appears to be an outlier. We suggest that this may be
due to the elongated shape of CaCaM, relative to the more
globular shape of the other proteins. That is, it is possible that
the elongated shape may allow for additional degrees of
freedom to affect the second moment of the fractional current
amplitude distributions. To illustrate the difference in overall
conformation, we calculated the ratio of the largest and the
smallest principal moments of inertia for each protein. By
definition, this ratio can be greater than or equal to one, where
a value of one indicates that the protein is a spherical top. This
ratio was found to lie between 1 and 2 for all proteins, except
for CaCaM, for which the ratio was 4.7 (see Table S2 in
Supporting Information for full list of ratios). We note that
sample heterogeneity can also contribute to broadening, in
addition to structural fluctuations. However, whereas this might
contribute to a deviation from the correlation trendline shown

in Figure 3c, the overall data suggests that structural
fluctuations play a role on the observed trend.
Perticaroli et al. recently performed neutron scattering and

light spectroscopy to systematically establish a correlation
between the protein’s β-sheet content and its rigidity.67 To
explore the possible relationship between β-sheet content and
flexibility, we also plotted fwhm extracted from the Gaussian
distribution fits for 10 different proteins against their α-helix to
β-sheet ratios at |ΔV| = 150 mV (Figure 3d). We find that the
fwhm increases with increasing α/β ratio for all proteins
(reduced χ-squared, χred

2 = 5.5), except for myoglobin (MYO),
which is a consistent outlier (two independent measurements
on different nanopores are shown in Figure 3d). These
variations in the fwhm of fractional current amplitude
distributions for different proteins are less likely to be due to
protein rotation during its transport because our amplifier’s
bandwidth is much slower than typical rotation times
(∼nanosecond time scales).68−71

Detecting Conformational Change in Calmodulin.
Finally, we demonstrate the ability of our nanopore construct
to detect conformational changes of a protein, using calmodulin
as a model system. Calmodulin (PDB ID 1QX5, 3CLN, CaM:
16.7 kDa, pI 4.2)72,73 is a relatively small calcium-binding
protein that is expressed in all eukaryotic cells and contributes
in signaling pathways that regulate growth, proliferation, and
movement.74−76 CaM comprises two homologous globular
domains connected by a flexible linker, where each domain has
a pair of calcium-binding motifs called EF hands, which
cooperatively bind Ca2+ ions. Upon Ca2+ binding to each
globular domain, interhelical angles in the EF hand motifs are
altered, resulting in a conformational change between the
calcium-free (Apo-CaM) to calcium-loaded forms (CaCaM;
Figure 4c).73,77 A large conformational change in CaM upon
Ca2+ binding results in the molecule adopting an extended and
flexible conformation in which two hydrophobic patches are
exposed.78 In addition to the immediate biological significance,
knowledge of CaM binding kinetics may aid the development
of genetically encoded calcium sensors. CaM conformational
changes and its kinetics have been studied using nuclear
magnetic resonance79−82 and X-ray crystallography,73,83 both
requiring high quantities of proteins. In addition, CaM
structural changes upon ligand binding have also been studied

Table 1. Summary of Transport Parameters in Our Experimentsa

protein Dbulk
b Dpore qcal

c (e) forces vd
d vEO

e

ADK 88 0.93 ± 0.18 −9 EO↓, EP↑ 0.4 ± 0.02 16.2
ADK-AP5A 95 0.76 ± 0.21 −12 EO↓, EP↑ 0.5 ± 0.03 16.2
GFP 84 0.54 ± 0.01 −6 EO↓, EP↑ 0.2 ± 0.03 18.3
Apo-CaM 99 1.53 ± 0.34 −26 EO↑, EP↓ 0.9 ± 0.04 14.4
CaCaM 96 1.30 ± 0.15 −20 EO↑, EP↓ 0.3 ± 0.02 14.4
RNase A 124 2.01 ± 0.23 +3 EO↓, EP↓ 1.0 ± 0.02 19.9
ProtK 87 1.01 ± 0.60 +1 EO↓, EP↓ 0.7 ± 0.03 18.3
MYO 114 1.41 ± 0.11 −0.7 EO↓, EP↑ 6.0 ± 0.30 14.8
Phi29 69 0.17 ± 0.02 +7 EO↓, EP↓ 0.1 ± 0.02 18.3
DHFR 112 0.88 ± 0.08 +0.8 EO↓, EP↓ 0.1 ± 0.01 16.0
DHFR-MTX 109 0.78 ± 0.17 −0.6 EO↓, EP↑ 0.2 ± 0.02 16.0

aDbulk and Dpore are protein diffusion coefficients in the bulk solution and inside the pore, respectively. qcal is the protein charge calculated using
available models61 based on Poisson−Boltzmann electrostatic calculations. vd and vEO represent the experimentally determined protein drift velocities
and numerically calculated electro-osmotic velocities, respectively. bCalculated from modified Stokes−Einstein model.57 Both Dbulk and Dpore are in
nm2 μs−1. cAt pH 7.8. dExtracted by fitting 1D drift-diffusion model to dwell-time distributions. eObtained analytically (see Supporting Information).
Computed from electro-osmotic and experimental drift velocities; see Supporting Information. Both vd and vEO are in nm μs−1. Eight different pores
were used to obtain the data shown in the table.
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recently using second harmonic generation (SHG),84,85 which
demands proteins to be labeled with SHG-active dyes.
Moreover, SHG is only sensitive to relative orientations of
proteins upon shape changes, so SHG is unable to provide
detail about the change in size and structure, including the
rigidity of proteins upon conformational change. In contrast, we
have shown here that nanopores, which require very low
sample concentrations (∼nanomolar scale) can yield details on
change in mean hydrodynamic diameter, relative charge, and
rigidity of proteins upon conformational changes.
To detect a conformational change in calmodulin, we first

added 100 nM of Apo-CaM to the cis chamber and collected

data at different voltages. We then added 0.5 mM of CaCl2 to
the sample chamber. We observe a drastic change in fractional
current blockade amplitude versus dwell-time distributions
toward deeper blockade amplitudes and longer dwell times
upon calcium binding, as seen in Figure 4a. We attribute this
change in current blockade amplitude versus dwell-time
distributions to the conformational change of calmodulin
from the Apo-CaM to CaCaM structure. We should note that
scatterplots for Apo-CaM indicate that dwell times are sharply
bandwidth-limited even at V = 100 mV, as indicated with a
green arrow in Figure 4a, suggesting some of Apo-CaM events
have dwell times that are too short for the time resolution of

Figure 3. Protein sizing and structural fluctuations using solid-state nanopores. (a) Fractional current blockade distributions for three sample
proteins (Phi29, GFP, and ProtK) at V = −150 mV. Solid lines represent the single Gaussian fittings to current blockade histograms, from
which we extract the mean fractional blockades. (b) Top: Radius of gyration/hydrodynamic radius vs hydrodynamic radius of proteins.
Dashed line represents the theoretically predicted value for shape factor, ρ (ρ = RG/RH), for globular proteins. Bottom: Radius of gyration
from simulations vs estimated hydrodynamic radius of proteins. Dashed line represents the linear correlation fit to the data with r = 0.82
(Pearson correlation coefficient). (c) Root-mean-square fluctuation (rmsf) values from simulations vs fwhm of fractional current amplitude
distributions from experiments for various proteins. Dashed line depicts the linear correlation between experimental and simulation results
excluding CaCaM (a consistent outlier) with r = 0.73. (d) Full width at half-maximum of fractional current blockade distributions vs α-helix/β-
sheet ratio for 10 different proteins at |ΔV| = 150 mV. Dashed line: empirical log-normal distribution fitting to the data omitting myoglobin (a
consistent outlier). Different symbols of the same color as in (c) and (d) represent multiple data points for the same protein. Eight pores were
used to obtain the data shown in this figure.
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our detectors. However, dwell times for CaCaM appear to be
significantly less bandwidth-limited for V < 150 mV, indicating
that Apo-CaM events are faster than CaCaM events at similar
voltages. Current spikes appeared only for positive bias applied
to trans side for both conformations (see Figure S9 in
Supporting Information), indicating EP force dominates over
EO flow so that CaM transport through the pore is dominated
by EP force. Current−time traces also suggest that both
conformations are negatively charged under our experimental
conditions, 0.4 M KCl, 10 mM Tris, 1 mM EDTA, pH 7.8.
Figure 4b shows dwell-time distributions for both Apo-CaM
and CaCaM for various voltages range from 100 to 175 mV
along with fits to the 1D drift-diffusion model (eq 1) taking
both Dpore and vd as free parameters. Figure 4b clearly shows
that Apo-CaM translocates through the pore faster than
CaCaM. Figure 4c displays distributions of fractional current
amplitudes for both Apo-CaM and CaCaM in the voltage range
of 100−175 mV, where CaCaM shows a deeper blockade than
Apo-CaM. This suggests that CaCaM structure excludes larger
cross section than Apo-CaM structure during its transport
through the pore. Two distinct peaks seen for Apo-CaM at
higher voltages could possibly be due to two reasons: Although
Apo-CaM has a twisted four-helix bundle structure, it may
retain a high degree of internal dynamics due to the highly
flexible helical linker, as implicated in NMR studies.80 Thus,
while Apo-CaM is translocating through the pore, it is possible
that a high voltage induces preference to different protein
configurations, which result in different current blockade levels.
However, since this effect dominates at high voltage, the split
peak may very well be an undesirable artifact of voltage-induced

protein destabilization. Mean fractional current blockade values
were extracted from fitting data to single Gaussian distributions,
which were used to estimate the hydrodynamic diameter of
each conformation using eq 2, as demonstrated in Figure 3b.
The calculated values are in good agreement with the estimated
sizes by others using different techniques.78,86

As shown in Figure 5a,b, we extracted the values of Dpore and
vd for both states of CaM during transport through the same
pore used in Figure 4 from the optimized fits of dwell times to
1D drift-diffusion model (eq 1). Drift velocities of both
conformations have a linear dependence on voltage in the range
of 100−175 mV. These data yield a mean electrophoretic
mobility (μ̅) for each sample (Apo-CaM and CaCaM) by
multiplying the slopes of the best-fit lines in Figure 5b by heff of
the pore. We found μ̅ = 86 ± 2 nm2 μs−1 V−1 for Apo-CaM and
μ̅ = 29 ± 4 nm2 μs−1 V−1 for CaCaM. According to Figure 5b,
Apo-CaM translocates through the pore faster than CaCaM,
which is likely due to two reasons: First, the CaCaM structure
is much more flexible than the Apo-CaM molecule, which can
slow down translocation. This is experimentally supported by
the larger fwhm current blockade amplitude values for CaCaM
than for Apo-CaM, as well as by the rmsf values obtained from
simulations. Second, the net negative charge of CaCaM is lower
than that for Apo-CaM due to Ca2+ ion binding, so that the
magnitude of the EP force on CaCaM is smaller than that on
Apo-CaM. In addition, as illustrated in Figure 5a, our fits
yielded D̅pore = 1.9 ± 0.3 nm2 μs−1 for Apo-CaM, smaller by a
factor of ∼51 than its Dbulk value of 98 nm

2 μs−1 and D̅pore = 1.2
± 0.1 nm2 μs−1 for CaCaM, smaller by a factor of ∼80
compared to its bulk value of 96 nm2 μs−1.

Figure 4. Discriminating Apo-CaM and CaCaM structures using solid-state nanopores. We used a 4.5 nm diameter thinned (heff ∼ 5 nm) SiN
pore in 0.4 M KCl, 10 mM Tris, 1 mM EDTA, pH 7.8; data were sampled at 4.19 MHz and low-pass filtered at 500 kHz. (a) Scatterplots of
fractional current blockades vs dwell times for Apo-CaM and CaCaM at the indicated applied voltages. There are N ∼ 2,000 events for each
CaM structure at each voltage. (b) Dwell-time distributions for Apo-CaM and CaCaM along with the fits (solid lines) to the 1D drift-diffusion
model (eq 1) at various voltages in the same range as in (a). Bright-field TEM image of the SiN pore used for this study is shown in the inset.
(c) Fractional current amplitude distributions of two structures of CaM along with the fits to single Gaussian distribution (solid lines).
Cartoons based on crystal structures of Apo-CaM and CaCaM are shown in the inset. All the data shown in this figure were obtained from one
SiN pore.
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Calmodulin Capture. In addition to discriminating
between two conformations via in-pore drift velocities and
diffusion coefficients, these parameters should also be sensitive
to a change in the relative charge of the two protein forms. The
difference in net charge of the two forms of calmodulin can be
detected using protein capture rates, where the diffusion-drift
model can be used to explain protein capture through a solid-
state nanopore. A diffusion-drift model can approximate the
flux of a protein, J, that enters into an absorbing pore87

μ= = − ∇ +J R C D C C E r/ / ( )C o bulk o (3)

where RC is the measured capture rate, Co is the bulk protein
concentration in free buffer, Dbulk is the bulk diffusion

coefficient of the protein, ∇C is the protein concentration
gradient, μ is the electrophoretic mobility of the protein, and
E(r) is the electric field as a function of distance from the pore.
The first term in eq 3 characterizes the protein diffusion under
concentration gradient, and the second term characterizes the
protein drift under bias. Whereas the diffusion term dominates
under low-field conditions (i.e., low-bias or no-bias voltage), the
drift term dominates under high-bias voltage, which is typical
under nanopore experimental conditions. Therefore, protein
capture rate under electric-field-driven nanopore conditions
should linearly increase with voltage as well as with protein
concentration. As is commonly done, we extract RC values from
single-exponential decay fits to our first arrival time
distributions.88

The normalized flux (J) of Apo-CaM and CaCaM as a
function of applied voltage is presented in Figure 5c. We
outline two main observations: First, the normalized flux of
Apo-CaM is consistently larger than the flux of CaCaM.
Second, whereas the flux for Apo-CaM increases with the
applied voltage, for CaCaM, we observe a voltage-independent
flux. To describe protein capture, we calculate the effective
protein capture radius, r*C, using the Smoluchowski rate
equation,89 J = 2πDbulkr, where r is the effective radius of an
absorbing hemisphere that extends from the pore mouth and
Dbulk is the protein bulk diffusion coefficient, which can be
estimated using available models.57 Based on these calculations,
the effective capture radius (r*) for each molecule is also
plotted against applied voltage in Figure 5c. We rationalize the
stark difference in capture versus voltage for the two molecules
by considering the net charge of the two forms of calmodulin in
solution: as free calmodulin (Apo-CaM) has a more negative
charge than the calcium-bound form (CaCaM), electrophoresis
of the molecule governs its capture behavior. In contrast, for
the less negative charged CaCaM, electro-osmosis and
electrophoresis, which have equal and opposite effects on
capture into the pore, resulting in a voltage-insensitive behavior.
To rule out the possibility that calcium may impact the pore
walls, thereby affecting electro-osmosis-induced protein cap-
ture, we have performed control experiments with ProtK and
ProtK+Ca, which confirm that calcium does not impact capture
(see section SM12 in Supporting Information).

CONCLUSIONS
We have used here a low-noise nanopore platform to study the
transport of proteins in their native state. For both silicon
nitride and hafnium oxide pores, a negative surface charge
induces significant electro-osmosis that allows efficient protein
capture, irrespective of the protein charge in solution. By
tailoring the pore geometry, we have efficiently detected
protein molecules at subpicomole levels. While electro-osmosis
makes protein charge calculation difficult to obtain, we
extracted rich information on protein behavior by analyzing
protein translocation statistics. First, the experimentally
obtained hydrodynamic radii of proteins correlate well to the
computed radii of gyrations of proteins from PDB coordinates.
Next, we find that structural flexibility of the proteins can be
gauged, with evidence for this coming from a clear correlation
between fwhm of fractional current amplitude distributions and
rmsf values extracted from structure-based simulations. More-
over, as previously found with neutron scattering measure-
ments, increased β-sheet content, as compared with the α-helix
content, correlates well with protein rigidity. Finally, we
demonstrated that solid-state nanopores can be used to detect

Figure 5. Transport and capture dynamics for calmodulin (a,b)
diffusion coefficients (Dpore) and drift velocities (vd) for Apo-CaM
and CaCaM structures during transport through the same SiN pore
used in Figure 4, obtained from fitting dwell times to eq 1 (Figure
4b) treating vd and Dpore as free parameters, respectively. (c)
Normalized capture rates and corresponding effective capture radii
(r*) for Apo-CaM and CaCaM. These data are obtained from the
same SiN pore used for Figure 4.
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a conformational change in a model protein, calmodulin. We
find a marked difference in dwell time and current blockade
statistics between the calcium-loaded structure of calmodulin
(CaCaM) and the calcium-free structure (Apo-CaM). To the
best of our knowledge, this is the first time that solid-state
nanopores have been used to measure protein fluctuations (for
example, rigidity) and detect conformational changes induced
by ligand binding. We therefore believe that this study will
establish solid-state nanopore sensors as a valuable tool for
evaluating the impact of various ligands on protein size,
conformation, and flexibility.

EXPERIMENTAL SECTION
Experimental Setup. Nanopores were fabricated in 4−9 nm thick

SiN and crystalline HfO2 membranes using previously reported
methods.90,91 Nanopores were cleaned with hot piranha (3:1 H2SO4/
H2O2), followed by hot deionized water before each experiment. After
being dried under vacuum, nanopore chips were assembled in a
custom PTFE cell equipped with Ag/AgCl electrodes, and quick-
curing silicone elastomer was applied between the chip and the cell to
seal the device and thereby reduce the capacitive noise. We introduced
0.4 M KCl, 1 mM EDTA, and 10 mM Tris-buffered to pH 7.8 as an
electrolyte solution onto both sides of the chip. Proteins were always
added to the cis chamber and thoroughly mixed to the indicated final
concentrations. ProtK, Phi29, and RNase A samples were purchased
from New England BioLabs (Ipswich, MA) or Thermo Scientific
(Waltham, MA). Calmodulin and DHFR were purchased from Ocean
Biologics and BioVision, respectively. The syntheses of green
fluorescent protein and adenylate kinase (ADK) were elucidated by
Thor et al.92 and Wolf-Watz et al.,93 respectively. All experiments were
carried out at ambient temperature. For control experiments with
DNA, 1000 bp DNA (Fermentas NoLimits, Thermo Scientific) was
added to the cis chamber to final concentration of 500 nM.
Data Collection and Processing. Nanopore current data were

digitally acquired at a rate of 4.17 MHz using a Chimera instruments
VC100 and low-pass filtered at indicated frequency to gain an
improved signal-to-noise ratio for better event detection. The key
parameters were extracted from the current readouts using Pythion,
custom software written in the Wanunu lab (https://github.com/
rhenley/Pyth-Ion/). The key parameters included the dwell time, td,
which is the time for single-protein molecule to pass through the pore;
the current blockade, ΔI, which is the mean current excluded from the
pore by the analyte; and interevent time, dt, from which protein
capture rates were computed.
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